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ABSTRACT
In nitrogen (N)-limited terrestrial ecosystems, plants employ
various strategies to acquire and conserve N, including
translocation of N in perennial tissues and stimulation of N
ﬁxation in roots and soils. Switchgrass (Panicum virgatum) is a
genotypically and phenotypically diverse perennial grass with
two distinct ecotypes (lowland and upland) and numerous
genotypes. It grows well in low-N soils, likely because of its ability
to translocate N and to associate with N-ﬁxing microbes, but little
is known about variation in these traits among cultivars or even
ecotypes. We measured N translocation, N ﬁxation potential in
roots and soils, soil net N mineralization, soil net nitriﬁcation, and
biomass yields in 12 switchgrass cultivars grown in a replicated
block experiment in southwestern Michigan, United States.
Lowland cultivars had higher yields, rates of N translocation,
soil net N mineralization, and N ﬁxation potentials on washed,
nonsterile roots, while upland cultivars exhibited higher N ﬁxation

All organisms require large amounts of nitrogen (N) and yet it is
in short supply in most terrestrial ecosystems, including grasslands
†
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potentials in root-free soil. N resorption efﬁciencies averaged
53 ± 5% (± standard error) for lowland versus 29 ± 3% for upland
cultivars. Additionally, there were signiﬁcant among-cultivar
differences for all response variables except mineralization and
nitriﬁcation, with differences likely explained by cultivar-speciﬁc
physiologies and microbial communities. The ideal cultivar for
biofuels is one that can maintain high yields with minimal fertilizer
addition, and there appear to be several cultivars that meet
these criteria. In addition, results suggest substantial N cycle
differences among cultivars that might be exploited by breeders
to create new or improved high-yielding, N-conserving
switchgrass lines.
Keywords: agriculture, cellulosic biofuel, ecosystems, lowland,
nitrogen ﬁxation, nitrogen mineralization, nitrogen resorption
efﬁciency, nutrient cycling, soil ecology, upland

(LeBauer and Treseder 2008). In response, grasses possess several
strategies for acquiring N from the environment. Perennial grasses
invest in deep, extensive roots and form relationships with mycorrhizal fungi that help extract N from the soil (Schroeder-Moreno
et al. 2012). Plant roots can stimulate N mineralization, making soil
organic N more available (Meier et al. 2017; Murphy et al. 2015),
and can receive ﬁxed N via an association with N-ﬁxing microbes
(Bottomley and Myrold 2015). Perennial grasses translocate N from
aboveground tissues to roots during senescence (Killingbeck 1996);
this stored N decreases N acquisition needs in the following year.
The physicochemical template (including soil N, C, pH, and
moisture) constrains microbial N transformation rates (Brouzes
et al. 1969; Chang and Knowles 1965; Dynarski and Houlton
2018; Liu et al. 2017; Perakis and Sinkhorn 2011; Roley et al.
2018), inﬂuences microbial community composition (Fierer and
Jackson 2006; Jesus et al. 2016), and even alters interactions
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between microbes and plants. For example, plants may invest in
microbial mutualisms when soil N is scarce but abandon them when
N is abundant (Regus et al. 2017; Weese et al. 2015). Within a
particular physicochemical template, plant species and genotypes
employ different N acquisition and conservation strategies. For
example, switchgrass (Panicum virgatum L.) cultivars grown in the
same soil translocate N (Yang and Udvardi 2018; Yang et al. 2009)
and appear to ﬁx N at different rates (Rodrigues et al. 2017). It is
unclear, however, how cultivars compare across multiple N acquisition and conservation strategies. Are there trade-offs? Is a
cultivar with high translocation, for example, less successful at
stimulating N ﬁxation? Or are some cultivars more successful at N
acquisition?
Switchgrass employs a number of strategies to obtain and conserve
N. It conserves N by translocating N to roots during senescence,
which is retranslocated to growing aboveground tissues in the spring
(Clark 1977; Heckathorn and Delucia 1996). Switchgrass also forms
a mutualism with mycorrhizal fungi (Schroeder-Moreno et al. 2012)
and obtains N from free-living diazotrophic bacteria in its rhizosphere
in both laboratory (Morris et al. 1985; Tjepkema 1975) and ﬁeld
(Roley et al. 2019) settings. There are cultivar-level differences in
switchgrass rhizosphere microbial communities, possibly as a result
of differences in root exudation rates (Adkins et al. 2016; Revillini
et al. 2019; Rodrigues et al. 2017; Roosendaal et al. 2016; Singer
et al. 2019). However, mycorrhizal communities do not appear to
differ among cultivars (Emery et al. 2018); therefore, variation in
bacterial communities, rather than differences in fungal communities,
may underlie variation in cultivars’ N cycling. Such differences in
microbial community composition, along with differences in phenological and physiological characteristics, may inﬂuence soil N
cycling beneath switchgrass.
Switchgrass has wide genotypic and phenotypic variation, as
manifested by its large geographic range: from northern Mexico to
southern Canada and from dry and hot environments to cold and wet
environments (Casler 2012; Lowry et al. 2014). This variation is
categorized into two ecotypes (upland and lowland) that are differentiated by molecular and habitat traits. Upland genotypes evolved
in drier, upland habitats and are typically found in northern climate
zones, whereas lowland genotypes evolved in wetter, riparian areas
and are typically found at lower latitudes (Lowry et al. 2014).
Because of the wide range of variability in switchgrass genotypes, there is an opportunity to choose cultivars for bioenergy
(Mitchell et al. 2012) that are economically and environmentally
sustainable: high-yielding, yet requiring minimal N fertilizer inputs.
Understanding the N acquisition strategies of different cultivars will
allow us to better predict which will do well in low-N environments.
We address here the following questions: Does N acquisition and
conservation differ by switchgrass cultivar? Do cultivars inﬂuence
soil N cycling?

MATERIALS AND METHODS
Site description. We addressed our questions in the Switchgrass
Variety Experiment (https://lter.kbs.msu.edu/research/long-termexperiments/glbrc-switchgrass-variety-experiment/), located at the
Kellogg Biological Station (KBS) Long-Term Ecological Research
site and part of the Great Lakes Bioenergy Research Center
(42°239N, 85°229W, elevation 284 m above sea level) in Hickory
Corners, Michigan, United States. Soils at the site are Alﬁsol loams
(Kalamazoo series Typic Hapludalfs), formed from glacial outwash
with intermixed loess (Crum and Collins 1995; Luehmann et al.
2016). Prior to switchgrass establishment, the ﬁeld was in rotational
crops, including alfalfa, soybean, and maize. Climate at KBS is
humid continental; mean annual air temperature is 10.1°C, with an
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average of _4.1°C in January and 22.8°C in July, and a mean total
annual precipitation of 1,027 mm, with approximately half falling as
snow (1981 to 2010). Precipitation in the 2016 growing season
(April to September) was 573 mm (KBS LTER Data Catalog 2019);
the 27-year average is 614 mm (Michigan State Climatologist’s
Ofﬁce 2019).
The Switchgrass Variety Experiment included 12 switchgrass
cultivars in a randomized block design, with each cultivar replicated
four times. Each block had 12 plots (4.6 by 12.2 m each), with each
plot growing 1 of 12 cultivars. Switchgrass cultivars included four
lowland (Alamo, Kanlow, EG 1101, and EG 1102) and eight upland
(Southlow, Cave-in-Rock, Trailblazer, Blackwell, Dacotah, EG
2102, NE28, and Shelter) cultivars. Ten of the treatments were
seeded in 2009, with two treatments (Shelter and EG 2102) planted
in 2010. We completed all sampling in 2016, at which time all
cultivars were well established.
After the ﬁrst growing
season,
the plots were fertilized annually
_
_
with N at 78 kg ha 1 year 1 applied as urea in the early growing
season (usually May). Starting in 2010, the plots were harvested
annually postsenescence (usually in October). During harvest, all
aboveground biomass >10 cm in height was removed from the plot
with commercial forage harvest equipment. Additional details
appear in Stahlheber et al. (in press).
Soil sampling. To normalize for phenological variability among
different cultivars, we sampled each plot when the plants were
ﬂowering, rather than all on the same date. Sample dates were 28
June for Blackwell and Dacotah; 11 July for Shelter, EG 2102, and
EG 1101; 18 July for Southlow, Cave-in-Rock, Trailblazer, and
NE28; and 25 July for Alamo, Kanlow, and EG 1102. We chose to
sample by phenology because growth stage inﬂuences the microbial
a- and b-diversity within a cultivar (Rodrigues et al. 2017), and we
wanted differences to reﬂect cultivars rather than growth stage.
However, by sampling on different dates, we risked sampling under
different soil conditions, most notably soil moisture, which complicates cultivar comparisons. We examined soil moisture through
time and found that the minor changes in soil moisture did not
inﬂuence any of _the N cycling processes (see Results for details).
Soil nitrate (NO3) concentration did change over sampling date;
therefore, we included it as a covariate in all of our models (see
Statistical Analysis, below)
and, thus, are able to separate the effects
_
of changes in soil NO3 from the effects of cultivars and ecotypes.
We sampled three locations within each plot. At each location, we
removed three 20-cm-depth soil cores with a 2-cm-diameter
Oakﬁeld push corer and composited the three samples by plot. We
pushed the corer into the plant rhizosphere at a 45° angle in order
to sample directly beneath plants. The cores are likely a combination of rhizosphere and bulk soil but dominated by rhizosphere
soil. Hereafter, “soil” refers to this combination of rhizosphere and
bulk soil.
In the lab, we homogenized the soils by passing them through a 4mm sieve. We picked out all visible roots and washed them with
unchlorinated ground water until they were free of visible soil particles.
All root measurements were completed on washed, nonsterile roots,
while all soil measurements were on root-free soil. After sieving, we
placed roots and soil in a refrigerator (4°C) until measurements began,
within 3 days of collection. Immediately after sieving, we measured
gravimetric soil moisture by drying a small sample in a 60°C drying
oven for 2 days and measuring the change in water content.
Plant sampling. We sampled plant leaves twice in each cultivar:
during ﬂowering and again after senescence but before harvest. The
date of sampling varied among cultivars, because they reached
ﬂowering and senescence on different dates (see Soil Sampling,
above). We chose three plants in each plot and we retrieved three
leaves from each plant by clipping at the base of the leaf with a

scissors. We chose mature leaves that appeared healthy and free
from insect or pathogen damage. This amount of subsampling is
adequate for estimating N concentration in switchgrass leaves
(Jach-Smith and Jackson 2015; Yang et al. 2009).
Soil and root N ﬁxation potential. We measured N ﬁxation
potential with in vitro 15N2 incubations of washed, nonsterile
roots and root-free, bulk plus rhizosphere switchgrass soil. For
soils, we weighed 5 g into a gas-tight 12-ml Exetainer (Labco,
Lampeter, Ceredigion, U.K.). After a 2-day equilibration period,
we added enough 4% (wt/vol) glucose solution to raise the waterﬁlled pore space to 100% (Gupta et al. 2014; Roley et al. 2019)
and to compensate for any evaporation that occurred during
equilibration. For roots, we placed approximately 1 g of roots into
a 12-ml Exetainer and added 0.2 ml of 4% glucose solution to
replace moisture lost to evaporation and to relieve carbon (C)
demands created by severing roots from the plant. The addition of
glucose alleviates C limitation but also usually increases N
ﬁxation rates (Roley et al. 2018; Smercina et al. 2019b), thus
making these measurements of N ﬁxation potential, rather than of
N ﬁxation per se.
We sealed the Exetainers by adding caps with rubber septa. Using
a needle attached to a syringe, we removed 4 ml of headspace and
then replaced it with 4.2 ml of either 15N2 or unenriched N2
(controls). We placed the Exetainers in the dark at room temperature
for 7 days. After 7 days, we measured the headspace volume by
water displacement, then dried the contents at 60°C for at least
2 days. We pulverized the soil or roots in a SPEX Shatterbox
(Metuchen, NJ, U.S.A.) and then packed samples in tin capsules for
isotopic analysis. All samples were analyzed at the University of
California Davis Stable Isotope Laboratory (Davis, CA, U.S.A.).
We used the 15N content to calculate the N ﬁxation rate. First,
we calculated atom excess (AE) of soil or roots as the 15N content
of the enriched vial minus the 15N content in the corresponding
control vial. Next, we calculated ﬁxation, in micrograms of N per
vial per day, as
Nfix = ðAEi × TNi Þ=ðAEatm × tÞ

(1)

where AEi is the 15N AE in the root or soil, TNi is the total milligrams of N in the soil or root, and t is time in days. We calculated
AEatm, which is the 15N AE in the headspace of the vial, by dividing
the volume of 15N2 added by the total N2 in the headspace, assuming
atmospheric concentrations of N2. The AEatm calculations may be
slight overestimates because they do not account for any denitriﬁcation (and, thus, higher 14N2 concentration) that occurs during the
incubation. The result of an overestimate in AEatm is a lower N
ﬁxation rate. We then divided each rate by the dry mass of the
material in the Exetainer, resulting in ﬁxation expressed as micrograms of N per gram of root or soil per day.
Net N mineralization and nitriﬁcation. We assessed net potential mineralization rates with a 7-day incubation. We adjusted
soils to 65% water-ﬁlled pore space (Jarrell et al. 1999) and then
weighed 10 g of soil_ into each of six specimen cups. We immediately extracted NO3 and ammonium (NH+4 ) from three cups and
placed the other three in a dark environmental chamber at 22°C.
After 7 days, we removed
the cups from the environmental chamber
_
and extracted NO3 and NH+4 (Robertson et al. 1999).
We extracted inorganic N by adding 100 ml of 1 M KCl to each
cup, shaking vigorously for 1 min, resting on a lab bench for 24 h,
then reshaking and ﬁltering the supernatant (Robertson et al.
1999).
We froze sample extracts until analysis. We measured
_
NO3 via cadmium reduction and NH+4 via the phenolhypochlorite
method on a Lachat QC 8500 (Hach, Loveland Park, CO,
U.S.A.).

We calculated net mineralization as the net change in inorganic N
over the course of the incubation, using the following equation:
NM = ½ðNITT7 + AMMT7 Þ _ ðNITT0 + AMMT0 Þ=7 days

(2)

_

where NM = net N mineralization, NITT7 is the NO3 concentration at day 7, _AMMT7 is the NH+4 concentration at day 7,
NITT0 is the NO3 concentration at the beginning of the incubation, and AMMT0 is the NH+4 concentration at the beginning of
the incubation.
_
Net nitriﬁcation (NN) is the accumulation of NO3, which we
calculated as follows:
NN = ½ðNITT7 _ NITT0 Þ=7 days

(3)

N translocation. To calculate N translocation, we measured the
N content of leaves at peak biomass and again after senescence (see
Soil Sampling, above, for sampling dates). We dried leaf samples at
60°C for at least 2 days. Then, we pulverized the leaves into a ﬁne
powder and packed it into tin capsules. We measured the C and N
concentration via combustion on a Costech Elemental Analyzer
(Valencia, CA, U.S.A.). We used two different metrics to assess N
translocation: N resorption proﬁciency and N resorption efﬁciency
(Killingbeck 1996). N resorption proﬁciency is the N concentration
at the end of the growing season (percent N after senescence); lower
proﬁciency indicates higher translocation. N resorption efﬁciency is
the relative proportion of the leaf N pool that is resorbed during
senescence; higher efﬁciency indicates higher translocation. Resorption efﬁciency is calculated as
n

.
o
Nresorption = 1 _ 0:713 × ½Nsenensced leaf ½Ngreen leaf
× 100

(4)

where 0.713 is the mass loss correction factor for grasses, which
accounts for the leaf mass loss with senescence (Vergutz et al.
2012).
Statistical analysis. To determine yield differences, we completed an analysis of variance (ANOVA), followed by Tukey’s
honestly signiﬁcant difference (HSD) to analyze pairwise differences. We completed a separate analysis for ecotype and cultivar.
To address whether ecotype or cultivar inﬂuenced N cycling_
rates, we performed an analysis of covariance, with soil NO3
concentration as the covariate. We ﬁt the model with general least
squares, using the nlme package in R, version 3.4.3 (R Core Team
2017). We checked for normality and homoscedasticity of the
residuals; if the data did not meet assumptions, we employed alternative variance structures that did not assume normality and
homoscedasticity. We analyzed cultivar and ecotype separately,
because models that included both
(i.e., a nested structure) did not
_
converge. We included soil NO3 concentration as a covariate because soil N is a well-known driver of ﬁxation rates and because_
there were block-speciﬁc and date-speciﬁc differences in soil NO3
concentration. Although
we had a variety of inorganic N mea_
surements_ (NO3, NH+4 , total inorganic N, and mineralization), we
used NO3 because it had the highest correlation with each of the
response variables. We completed the same analysis for each of the
N cycling response variables: potential soil N ﬁxation, potential root
N ﬁxation, net N mineralization, net nitriﬁcation, N resorption
proﬁciency, and N resorption efﬁciency.

RESULTS
Effect of sampling date. Water-ﬁlled pore space changed over
the course of the sampling, from a low of 56.4 ± 1.2% (± standard
error [SE]) on 28 June to a high of 62.5 ± 1.9% on 18 July
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(corresponding gravimetric soil moisture was 14.8 and 16.1%,
respectively). Those two dates are signiﬁcantly different from one
another (ANOVA with Tukey’s HSD, P = 0.003). Despite this, soil
moisture was not a signiﬁcant predictor of any of the soil process
measurements (P > 0.6 for all). We conclude that a shift from 56 to
63% water-ﬁlled pore space, while statistically signiﬁcant, is not
biologically_ signiﬁcant.
Soil NO3 concentration also changed over the course of our
_
sampling, from a low of 0.70 ± 0.22 mg N per gram of soil (g soil 1)

_

on 11 July to 1.46 ± 0.55 mg N g soil 1 on 18 July. This difference is
statistically signiﬁcant (ANOVA with_ Tukey’s HSD, P = 0.04), and
we account for differences in soil NO3 concentration by including it
as a covariate in all models.
Yield. Yields in 2016 varied
dramatically by cultivar, ranging
_
_
from 3.92 ± 1.06 (SE) Mg ha 1 for Dacotah to 11.04 ± 0.69 Mg ha 1
for EG 1102 (P < 0.00001). Pairwise comparisons revealed that
yields for Dacotah were lower than most cultivars, while yields for
Kanlow and EG 1102 were higher than most (Fig. 1). Yields were

Fig. 1. Biomass yield of 12 cultivars grown in a replicated block experiment and harvested in the fall. Lowland cultivars are shaded gray and upland
cultivars are in white. Upper and lower hinges correspond to the ﬁrst and third quartiles, respectively; the line corresponds to the median; and the
whiskers correspond to the largest value < 1.5 times the interquartile range. Dots are plotted as values > 1.5 × the interquartile range. Letters indicate
differences among cultivars and the asterisk indicates differences between ecotypes.

Fig. 2. Nitrogen ﬁxation potentials in A, bulk + rhizosphere soil and B, roots of 12 switchgrass cultivars. Lowland cultivars are shaded gray and upland
cultivars are in white. Upper and lower hinges correspond to the ﬁrst and third quartiles, respectively; the line corresponds to the median; and the
whiskers correspond to the largest value < 1.5 times the interquartile range. Dots are plotted as values > 1.5 × the interquartile range. The asterisk
indicates differences between ecotypes.
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signiﬁcantly higher
for lowland ecotypes, which averaged
9.95 ±
_
_
0.5 (SE) Mg ha 1, compared with 7.97 ± 0.40 Mg ha 1 in upland
ecotypes (P = 0.005) (Fig. 1). The yield differences were signiﬁcant,
even with the two lowest-yielding upland cultivars (Dacotah and
NE28) removed from the analysis (P = 0.014). Yields from upland
ecotypes were also more variable, with some upland cultivars
producing relatively
low yields (e.g., Dacotah and NE28, 6.16 ±
_
the highest
0.14 Mg ha 1) and other upland cultivars approaching
_
yields (e.g., _Cave-in-Rock, 10.14 ± 0.25 Mg ha 1;_Shelter, 9.36 ±
0.42 Mg ha 1; and Blackwell, 9.30 ± 0.56 Mg ha 1).
N ﬁxation potential. Soil N ﬁxation potentials varied with
cultivar _(P = 0.027)
and ranged from rates of 0.50 ±_ 0.14 _(SE) mg
_
N g soil 1 day 1 in Alamo to 1.31 ± 0.27 mg N g soil 1 day 1 in EG_
2102 (Fig. 2A). Soil N ﬁxation potentials declined with soil NO3
concentration (P = 0.036, coefﬁcient = _0.13) and were higher in
upland
ecotypes,
where rates averaged 0.87 ± 0.06 mg N g
_
_
ecotypes with an average rates
soil 1 day 1 compared with_ lowland
_
of 0.69 ± 0.06 mg N g soil 1 day 1 (P = 0.032). Although ecotypes
differed overall, individual cultivars did not always cluster neatly by
ecotype. For example, although lowland ecotypes had lower soil N
ﬁxation potentials on average, one lowland cultivar (Kanlow) had
one of the higher soil N ﬁxation
potentials. The response of soil N
_
ﬁxation potential to soil NO3 varied by cultivar, with Blackwell (P =
0.04)_ and EG 2102 (P = 0.0003) driving most of this variation
(NO3–cultivar interaction, P = 0.04 and P = 0.07, respectively).
Other cultivars had weak or nonsigniﬁcant effects.
Root N
ﬁxation
potentials ranged from rates of 0.2 ± 0.08 (SE)
mg
_
_
_
_
N g root 1 day 1 in Cave-in-Rock to 1.44 ± 0.88 mg N g root 1 day 1
in Kanlow (Fig. 2B). In contrast to soil N ﬁxation, root N ﬁxation
potentials clustered more clearly by ecotype, with lowland cultivars
generally having higher N ﬁxation potentials (P < 0.0001). There
were no signiﬁcant among-cultivar differences
(P = 0.14). Root
_
potential N ﬁxation declined with soil NO3 concentration (P <
0.0001), and ecotype
had a differential inﬂuence on N ﬁxa_
cultivars,
tion (ecotype–NO3 interaction, P < 0.0001). In lowland
_
root ﬁxation potentials declined with soil NO3 concentration

_

(ﬁxation = _2.67 × soil NO3 = +3.56, r2 = 0.54, P = 0.0007) but, in
upland cultivars,
root N ﬁxation rates showed no relationship with
_
soil NO3 concentration when all upland cultivars were pooled
P = 0.7), probably because there was more
together (r2 < 0.01,
_
variability in NO3 concentrations in soils beneath upland_cultivars.
Individual cultivars
varied in their response to soil NO3 concen_
trations (NO3–cultivar interaction, P = 0.015), with some individual
upland cultivars (Cave-in-Rock,
Shelter, Southlow, and Trailblazer)
_
showing a distinct NO3 response (P < 0.05 for those listed).
N translocation. N resorption proﬁciencies ranged from 0.47 ±
0.03% (SE) in EG 1102 to 1.86 ± 0.10% in Dacotah (Fig. 3A).
Proﬁciency varied with cultivar (P < 0.00001) (Fig. 3A) and increased with soil inorganic N concentration (coefﬁcient = 0.094,
P =_ 0.018). This effect was consistent across cultivars; the
NO3–cultivar interaction was not signiﬁcant (P = 0.33). N proﬁciencies were lower in the lowland cultivars (P < 0.0001), with
lowland cultivars averaging 0.79 ± 0.11% and upland cultivars
averaging 1.35 ± 0.05% (Fig. 3A); however,
when comparing
_
between ecotypes, soil N (expressed as NO3, inorganic N, or NH+4 )
was no longer a signiﬁcant covariate (P = 0.48).
N resorption efﬁciencies ranged from 34.7 ± 7.5% (SE) in
Trailblazer to 78.4 ± 1.3% (SE) in EG 1102 (Fig. 3B). Resorption
efﬁciencies were generally higher in the lowland cultivars, which
averaged 66.6 ± 7.6%, compared with 48.5 ± 6.0% in the upland
cultivars (P < 0.0001), although lowland EG 1101 had a resorption
efﬁciency more characteristic of the upland cultivars (Fig. 3B).
Efﬁciency was also strongly inﬂuenced by cultivar, with a small
block effect (cultivar P < 0.00001; block P < 0.012). The block
effect was consistent among cultivars; the interaction term was not
signiﬁcant (P > 0.2).
The two N translocation metrics were generally in agreement.
Cultivars with the lowest leaf N at senescence (proﬁciency) were
also resorbing the largest proportion of their leaf N (efﬁciency).
N mineralization and nitriﬁcation. Net N mineralization rates
were generally negative; that is, more soil inorganic N was
immobilized than produced. Rates were constrained to a narrow

Fig. 3. A, Nitrogen proﬁciency and B, nitrogen resorption efﬁciency of 12 switchgrass cultivars. Lowland cultivars are shaded gray and upland cultivars
are in white. Upper and lower hinges correspond to the ﬁrst and third quartiles, respectively; the line corresponds to the median; and the whiskers
correspond to the largest value < 1.5 times the interquartile range. Dots are plotted as values > 1.5 × the interquartile range. The asterisk indicates
differences between ecotypes.
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_
_
range, from an average of _0.44 ± 0.15
(SE)_mg N kg soil 1 day 1 in
_1
1
(Fig.
4A).
Southlow to 0.33 ± 0.54 mg N kg soil day in EG 1102
_1
_1
day
in a
Individual replicates had N from _0.77 mg _N kg soil
_
replicate of Southlow to 1.92 mg N kg soil 1 day 1 in a replicate
from EG 1102. EG 1102 was the only cultivar where the mean
mineralization rate was >0 but, even so, its median was <0 (Fig.
4A). Rates did
not vary with cultivar (P = 0.46) but did increase
_
with soil NO3 concentration (coefﬁcient = 0.191, P = 0.0236). Net
N mineralization rates were slightly higher in lowland cultivars
(P =
_
_
0.04), with an average rate of 0.03 ± 0.14 mg N kg soil_ 1 day_ 1 in
lowlands, compared with _0.20 ± 0.05 mg N kg soil 1 day 1 in
uplands. Soil microbial C:N ratios (calculated from data of T. C.
Ulbrich, M. L. Friesen, S. S. Roley, L. K. Tiemann, and S. E. Evans
[unpublished]) were signiﬁcantly higher in uplands (ANOVA, P =
0.0014), with an average of 7.68 ± 0.43, while lowland soil microbial C:N ratio averaged 5.68 ± 0.39.
Net nitriﬁcation rates were close to zero, with most replicates
slightly greater than zero and some negative (Fig.
4B). Negative
_
(Fig.
4B). Rates
nitriﬁcation rates indicate net consumption
of
NO
3
_1
_1
day
in
a
replicate
of
NE28 to
ranged from _0.28 mg
N
kg
soil
_
_
0.78 mg N kg soil 1 day 1 in a replicate of Blackwell,_ with _an
overall average rate of 0.13 ± 0.03 (SE) mg N kg soil 1 day 1.
Nitriﬁcation rates increased linearly with soil inorganic N concentration (r2 = 0.21, P = 0.0006) but neither cultivar nor ecotype
inﬂuenced nitriﬁcation rates (P > 0.08 for all).

DISCUSSION
Switchgrass lowland ecotypes had higher yields, N translocation,
and root N ﬁxation potentials, while upland ecotypes had higher
soil N ﬁxation potentials. But intraecotype variability was quite
high, with rates varying by cultivar and individual cultivars not
always following broad ecotype-level patterns. Variation among
cultivars was likely due to a combination of factors, including
cultivar-speciﬁc phenology, physiology, and microbial community composition. In contrast to variation in N ﬁxation and N

translocation, switchgrass cultivars and ecotypes had little effect on
net mineralization and nitriﬁcation.
N translocation. Lowland ecotypes conserved more N in their
tissues than upland ecotypes. They resorbed a higher proportion of
plant N and reduced their aboveground tissue N concentrations to
lower levels than did upland ecotypes. This pattern appears to be
consistent across a wide range of switchgrass cultivars (Yang and
Udvardi 2018; Yang et al. 2009). Upland ecotypes mostly originate
from higher latitudes than the lowland ecotypes (Lowry et al. 2014)
and, consequently, begin ﬂowering and senescence earlier than
lowland ecotypes (Yang and Udvardi 2018). Perhaps lowland
ecotypes’ ability to maintain growth for a longer period (even at
high latitudes) is supported by their ability to store a greater proportion of their N in belowground tissues.
Switchgrass at our site had more N remaining in its tissues at
senescence (i.e., higher proﬁciency) but had similar resorption
efﬁciencies compared with a subset of the same cultivars grown in
Oklahoma, United States (Yang et al. 2009). The patterns among
ecotypes and cultivars (i.e., the rank of the cultivars) were generally
consistent between the two sites. For example, Kanlow had the
highest resorption efﬁciency at both KBS and in Oklahoma (of
those measured at both sites; EG 1102 was not in Oklahoma). This
suggests that, whereas the actual proﬁciency and resorption efﬁciencies are inﬂuenced by soil N (Jach-Smith and Jackson 2015)
and climate (Ren et al. 2018) and possibly other site-speciﬁc factors,
the effort devoted to resorbing N is inherent to each cultivar’s
physiology.
We found a weak but signiﬁcant decline in N translocation with
soil N, when translocation was expressed as proﬁciency. We observed no effect of soil N on resorption efﬁciency. In other words,
plants with more soil N available had more N in their leaves at
senescence but translocated the same proportion of leaf N to their
roots as plants growing in lower-N soil. This result is in contrast to
results of Jach-Smith and Jackson (2015), who found that N fertilizer addition increased N translocation (i.e., decreased proﬁciency
and increased efﬁciency) in the cultivar examined (Forestburg).

Fig. 4. A, Soil net mineralization rate and B, soil net nitriﬁcation rate in soils beneath 12 switchgrass cultivars. Lowland cultivars are shaded gray and
upland cultivars are in white. Upper and lower hinges correspond to the ﬁrst and third quartiles, respectively; the line corresponds to the median; and
the whiskers correspond to the largest value < 1.5 times the interquartile range. Dots are plotted as values > 1.5 × the interquartile range. The asterisk
indicates differences between ecotypes.
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They also manipulated soil N across a wider range than we observed, so perhaps the N response is context dependent.
Cultivar effects on potential N ﬁxation. Both root and soil N
ﬁxation potential varied with cultivar and ecotype but did so in
different ways. Upland ecotypes exhibited higher soil N ﬁxation
potential, while lowland ecotypes had higher and more variable root
N ﬁxation potential. Some cultivars that had high soil N ﬁxation
potentials had low root N ﬁxation potentials, whereas other cultivars
were consistently high or low. For example, Alamo had the secondhighest root N ﬁxation potential but the lowest soil N ﬁxation
potential. Kanlow, on the other hand, had consistently high potentials (highest rate in roots, third-highest in soil) and NE28 had
consistently low N ﬁxation potential in both roots and soils
(Table 1). These distinct soil versus root patterns may be related to
factors that differentially inﬂuence root and soil microbes. Root
microbes will be strongly inﬂuenced by root metabolites (endophytes) and exudates (rhizoplane microbes) as well as plantimposed gradients in soil chemistry (Bulgarelli et al. 2013;
Reinhold-Hurek et al. 2015; Yu and Hochholdinger 2018), whereas
soil microbes will be inﬂuenced by root exudates along with the full
suite of physical, chemical, and biological interactions between
roots and soil (Reinhold-Hurek et al. 2015).
Both root and soil N ﬁxation are potentially important to the
switchgrass N budget, although root N ﬁxation is arguably a more
direct path for N uptake than soil N ﬁxation because of physical
proximity to the plant. N ﬁxation rates were also generally higher on
root tissues than in soil, despite our use of a method that is optimized for soil and probably suboptimal for roots.
At the same time that we sampled for N cycling processes, we
also sampled for root traits and microbial communities. Samples
were taken on the same dates and from the same plants, using
similar coring methods, albeit from separate, proximate soil cores.
Those results are beyond the scope of this article and are reported
elsewhere (T. C. Ulbrich, M. L. Friesen, S. S. Roley, L. K.
Tiemann, and S. E. Evans, unpublished). Relevant to this article,
Ulbrich and associates found that the abundance of putative Nﬁxers, based on PICRUSt analysis (Langille et al. 2013), varied by
cultivar but wasn’t correlated with the N ﬁxation rates reported in
this article. Compared with soils, sterilized roots (i.e., largely
endophyte communities) in these plots had greater relative

abundance of the common N-ﬁxing orders Burkholderiales and
Rhizobiales (T. C. Ulbrich, M. L. Friesen, S. S. Roley, L. K.
Tiemann, and S. E. Evans, unpublished), which could have
contributed to the higher N ﬁxation rates in roots; however, these
are coarse taxonomic generalizations that should be studied in
greater functional detail. Nevertheless, despite higher N ﬁxation
potentials in roots, soil encompasses more volume on an ecosystem basis and, thus, soil N ﬁxation can contribute more overall
to ecosystem N inputs (Roley et al. 2018).
The cultivar and ecotype differences in N ﬁxation potential
occurred independently of soil N and moisture content, suggesting
two potential, interrelated mechanisms for these effects: (i) cultivarspeciﬁc microbiomes that differ in N ﬁxation ability or (ii) cultivarspeciﬁc effects on soil C availability. Soil microbial community
composition varied among switchgrass cultivars in our study plots
(T. C. Ulbrich, M. L. Friesen, S. S. Roley, L. K. Tiemann, and S. E.
Evans, unpublished), consistent with previous observations elsewhere (Revillini et al. 2019; Rodrigues et al. 2017; Roosendaal et al.
2016; Singer et al. 2019). The microbial communities beneath some
cultivars were likely more adept at N ﬁxation than others (i.e., they
were able to ﬁx more N), although the mechanism remains unclear.
N ﬁxation rates tend to increase with diazotrophic richness and
diversity (Hsu and Buckley 2009) but do not consistently increase
with nifH abundance (Lindsay et al. 2010; Rocca et al. 2015;
Rodrigues et al. 2017; Wang et al. 2018).
In our plots, the relative abundance of putative N ﬁxers, determined via PICRUSt (Langille et al. 2013), did not correlate with soil
N ﬁxation potential (T. C. Ulbrich, M. L. Friesen, S. S. Roley, L. K.
Tiemann, and S. E. Evans, unpublished). This lack of correlation is
perhaps not surprising, given that nifH transcription occurs in a low
proportion of soil taxa at any particular time (Bahulikar et al. 2014;
Burgmann et al. 2005), as well as the challenge of extrapolating
function from 16S genes (Jovel et al. 2016). In addition, it may be
that a few particularly active taxa drive N ﬁxation rates, rather than
ﬁxer abundance or diversity (Gupta et al. 2014). Cultivars with high
N ﬁxation rates may harbor a more active diazotroph community
such that nifH activity was higher, even if nifH abundance was not
(Reed et al. 2010; Rodrigues et al. 2017).
N ﬁxation is an energy-intensive process and so generally increases with C availability (Brouzes et al. 1969; Chang and

TABLE 1
Nitrogen (N) cycling means, standard errors, and relative rank by cultivar
Resorption
rank

Soil N ﬁxation
_
_
(mg g soil 1 day 1)

Soil N
ﬁxation
rank

Root N ﬁxation
_
_
(mg g root 1 day 1)

Root N
ﬁxation
rank

Yield
rank

Cultivar

Typea

Resorption
(%)

Kanlow

L

71 ± 7.8

2

0.86 ± 0.09

3

1.44 ± 0.09

1

10.6 ± 1.31

2

EG 1102

L

78 ± 1.3

1

0.65 ± 0.13

11

0.55 ± 0.13

8

11.0 ± 0.69

1

Harvest
yield_
_
(Mg ha 1 year 1)

Alamo

L

69 ± 6.1

3

0.50 ± 0.14

12

1.32 ± 0.14

2

8.63 ± 1.16

8

EG 1101

L

47 ± 2.0

9

0.76 ± 0.11

7

1.18 ± 0.11

4

9.53 ± 0.43

5

Shelter

U

64 ± 4.2

4

0.81 ± 0.18

5

0.72 ± 0.18

6

Cave-in-Rock

U

50 ± 3.1

7

0.85 ± 0.08

4

0.20 ± 0.08

9

EG 2102

U

48 ± 1.8

8

1.31 ± 0.27

1

0.18 ± 0.27

10

9.64 ± 0.39

4

Blackwell

U

56 ± 2.7

5

1.13 ± 0.24

2

0.15 ± 0.24

12

9.30 ± 0.56

7

Southlow

U

56 ± 2.1

6

0.74 ± 0.10

8

0.71 ± 0.10

7

8.24 ± 0.56

9

Trailblazer

U

35 ± 7.5

12

0.80 ± 0.06

6

1.02 ± 0.06

5

7.00 ± 0.60

10

Dacotah

U

38 ± 3.1

11

0.69 ± 0.05

10

1.28 ± 0.05

3

3.92 ± 1.06

12

NE28

U

41 ± 4.5

10

0.69 ± 0.04

9

0.17 ± 0.04

11

6.16 ± 0.14

11

a

9.36 ± 0.42
10.1 ± 0.25

6
3

Ecotypes: L = lowland and U = upland.
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Knowles 1965; O’Toole and Knowles 1973; Smercina et al. 2019a).
The C source (i.e., exudate quality) matters, too; N ﬁxation rates
vary with carbohydrate structure (O’Toole and Knowles 1973;
Smercina et al. 2019b). Cultivars vary in their contribution to soil C
quantity and quality, which can be inﬂuenced by root traits; speciﬁcally, greater C exudation rates occur in cultivars with long, thin
root systems (Adkins et al. 2016; de Graaff et al. 2014). In our N
ﬁxation measurements, we added glucose to the soils and, therefore,
may have partially obscured existing cultivar-speciﬁc soil C differences and, thus, weakened cultivar-level differences in N ﬁxation. Nonetheless, differences in diazotroph community structure
may also be a result of soil C differences (Feng et al. 2018; Ouyang
et al. 2018). Cultivar-speciﬁc switchgrass microbial communities
respond differently to ex situ C inputs (de Graaff et al. 2014); thus,
even though labile C quantity and quality were essentially the same
across cultivars in our assays (i.e., glucose), the response to that C
likely varied with a cultivar’s distinct soil microbial community
(T. C. Ulbrich, M. L. Friesen, S. S. Roley, L. K. Tiemann, and S. E.
Evans, unpublished).
Mineralization and nitriﬁcation. In contrast to potential N
ﬁxation, switchgrass cultivars exhibited weak cultivar effects on
soil N mineralization and nitriﬁcation. Both net N mineralization
and nitriﬁcation rates were close to zero, which is generally the case
for perennial grass plots at our study site (Millar and Robertson
2015; Roley et al. 2018). Likely potential mechanisms for cultivaror ecotype-effects on mineralization and nitriﬁcation include (i)
altering microbial C:N ratios (e.g., through litter C:N ratios) (Stark
and Norton 2015) and (ii) altering soil N content (e.g., through
differential N uptake rates). Cultivar-speciﬁc nitriﬁcation inhibition, as occurs in some grasses (Karwat et al. 2018; O’Sullivan et al.
2016), might also play a role but it has not yet been documented for
switchgrass. Because we observed no cultivar-speciﬁc differences
in nitriﬁcation rates, nitriﬁcation inhibition is similar across cultivars, if it occurs. Both soil N content and microbial C:N ratios are
well-known drivers of soil mineralization and nitriﬁcation (Dijkstra
et al. 2005; Liu et al. 2017; Robertson and Groffman 2015). We did
not observe differences in soil N by cultivar or ecotype but we did
observe lower microbial C:N ratios in lowland ecotypes (data not
shown), which may explain the slightly higher mineralization rates
in lowland ecotypes. The weak and low-magnitude effect of ecotype on mineralization suggests, however, that mineralization is not
a major driver of cultivar- or ecotype-speciﬁc N acquisition rates.
Temporal variability and N cycling processes. Our experimental design emphasized number of cultivars rather than temporal
frequency but the processes of nitriﬁcation, mineralization, and N
ﬁxation all vary seasonally alongside changes in soil moisture,
temperature, and N content (Millar and Robertson 2015; Roley et al.
2018). To minimize seasonal effects, we measured the N cycling
processes in the lab under standard temperature and moisture
conditions. However, we are unable to control for potential interactions between season and cultivar. Speciﬁcally, we surmised
that differences among cultivars were due to either differences in the
rhizosphere microbiome or in C exudate quality or quantity (see
previous two sections). Root exudate composition varies with plant
growth stage (Zhalnina et al. 2018) and, therefore, it’s possible that
N process rates changed over time as well, if they are responsive to
C composition. It’s not known if root exudate composition varies
among switchgrass cultivars but rice root exudate proﬁles vary by
genotype and throughout development (Aulakh et al. 2001). Thus,
we offer the caveat that the trends in N cycling we observed among
cultivars may vary through time, leading to cultivar–time interactions if cultivars vary in exudate quantity or quality.
Similarly, N translocation can vary interannually in grasses as a
function of climate (Ren et al. 2018); thus, it’s likely that the values
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we report here are not absolute for these cultivars even at this site.
Nonetheless, among-cultivar differences remain valid, particularly
given that we observed the same among-cultivar comparisons as
Yang et al. (2009).
Cultivar choice for commercial growth. Yield will likely be
one of the principal determinants of cultivar choice for commercial
growers (Mitchell et al. 2012; Parrish and Fike 2005; Robertson
et al. 2017). Yield trends here and elsewhere have identiﬁed several
high-yielding switchgrass cultivars, and additional breeding is
likely to enhance yields further (Casler et al. 2018). Cultivar yields
also vary with geographic location (Casler et al. 2007) and,
therefore, cultivar choice will favor those that perform well at
particular locations. The inclusion of N efﬁciency traits could
further narrow candidates to those that will require the least N
fertilizer, which is one of the most expensive inputs both economically (Song et al. 2011) and environmentally (Robertson et al.
2017; Ruan et al. 2016). Similar strategies have begun to be used in
grain crops such as wheat (Swarbreck et al. 2019; Sylvester-Bradley
and Kindred 2009). Our ﬁndings suggest that the two ways in which
cultivars vary in N efﬁciency are through translocation and N
ﬁxation.
Although N translocation rates vary geographically, amongcultivar and between-ecotype patterns are generally robust to latitudinal and soil differences (Yang and Udvardi 2018). As a result,
we expect that the comparisons presented here will be relevant in
other geographies. N ﬁxation rates are variable in space and time
(Gupta et al. 2006), and it is unknown how latitude and soil types
interact with cultivar identity to affect N ﬁxation. We expect some
cultivar-speciﬁc drivers of N ﬁxation, including energy sources and
root traits, to be similar among locations; for example, a cultivar that
releases more C in its root exudates at Location X will likely also do
so at Location Y. Switchgrass microbial community composition
varies with geography (Jesus et al. 2016; Liang et al. 2016) but is
generally distinct from that of other plant species grown in soil from
the same site (Jesus et al. 2016), characterized, in part, by a greater
abundance of diazotrophs (Mao et al. 2013). Soil microbial communities beneath individual cultivars will also likely be locally
distinct while retaining functional differences. If true, then the
patterns reported for N ﬁxation potentials here should also be robust: upland cultivars (especially EG 2102 and Blackwell) had
higher soil N ﬁxation potential, likely leading to higher soil N
availability, whereas lowland cultivars (especially Kanlow and
Alamo) had higher N translocation rates and root N ﬁxation potentials, leading to lower plant N demands of the soil environment.
Are there trade-offs among the cultivars’ N-cycling strategies? Or
are some cultivars simultaneously stimulating N ﬁxation and
conserving N? It varies. Some cultivars exhibited both efﬁcient N
conservation and efﬁcient N acquisition strategies. Kanlow, for
example, had the highest root N ﬁxation potential, third-highest soil
N ﬁxation potential, and second-highest N translocation rates. In
contrast, NE28 performed poorly on all metrics of N efﬁciency,
with the second-lowest N resorption and root N ﬁxation potential
and ninth-lowest soil N ﬁxation potential. Other cultivars showed
trade-offs; for example, EG 1102 had the highest N resorption but
the second-lowest soil N ﬁxation potential and the eighth-lowest
root N ﬁxation potential (Table 1).
How do we use observed N cycling differences to inform agronomic decisions? From an economic and environmental costs
perspective, a high-yielding cultivar that does not require fertilizer
is preferred, and several cultivars may meet these criteria. At our
study site, nearby unfertilized plots of Cave-in-Rock usually attain
yields comparable with those of fertilized plots, despite annual
harvest that removes substantial amounts of N in biomass (Roley
et al. 2018; Wang et al. 2020). Cave-in-Rock grown in New York and

Blackwell grown in Oklahoma have also obtained maximum yields
without fertilizer (Fike et al. 2017). Cave-in-Rock and Blackwell
were middle performers for our N ﬁxation and N translocation
measures (although Blackwell ranked high for soil N ﬁxation potential) (Table 1), which suggests that other cultivars, particularly
those that foster higher N ﬁxation rates and resorb more N such as
Kanlow, can also be grown successfully without N fertilizer.
Cultivar N response appears to vary by site (Fike et al. 2017) and,
thus far, lowland N responses have been mostly tested at lower
latitudes; therefore, it remains unknown whether Kanlow would do
well without fertilizer at northern sites like ours. We note that Kanlow
and Cave-in-Rock had similar modeled responses to N fertilizer (Lee
et al. 2012, 2015) but Kanlow had a stronger response to N than
Cave-in-Rock in Illinois, United States (Revillini et al. 2019).
That cultivars differ substantially in N conservation and acquisition capacities suggests the likelihood of genetic explanations for
these traits. If so, these differences should be exploited by breeders
to incorporate traits for N ﬁxation and translocation efﬁciency into
future high-yielding cultivars.
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